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c CICECO, Aveiro Institute of Materials and Águeda School of Technology and Management, University of Aveiro, 3754-909, Águeda, Portugal
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A B S T R A C T

The effect of macro- and micronutrient deprivation on the cyanobacterium Cyanocohniella rudolphia (BEA 0786B) 
over 180 days (without medium renewal) was evaluated to intensify the production of soluble extracellular 
polymeric substances (S-EPS). Growth, pH, cell-free medium viscosity, S-EPS content (phenol‑sulfuric acid 
assay), Alcian Blue staining, and biochemical/structural markers were monitored to assess EPS release and 
extracellular matrix dynamics. Progressive nutrient depletion induced a shift from biomass growth toward 
extracellular-matrix investment. Microcolony formation observed around day 45 preceded a sustained high- 
production phase, with pronounced matrix densification evident by approximately day 75. Apparent viscosity 
increased in parallel with S-EPS accumulation and showed a strong correlation with extracellular carbohydrate 
concentration (R2 

= 0.86), supporting its use as an operational, non-destructive proxy for S-EPS. Alcian Blue 
staining qualitatively confirmed the presence of acidic polysaccharides. Quantitatively, S-EPS concentrations 
increased from 0.1 to 0.8 g L− 1, accompanied by an increase in apparent viscosity from 24.7 to 34.7 mPa⋅s. 
Morphological and spectroscopic analyses indicated a predominantly carbohydrate-rich extracellular matrix with 
an increasing protein contribution over time.

As an exploratory proof of concept, unprocessed S-EPS present in the spent culture medium enabled LAP- 
initiated photochemical formation of Au and Ag nanoparticles at 365 nm, with S-EPS acting as a stabilising 
and co-reducing matrix and conferring pH-responsive optical behaviour. This indicates a practical route toward 
integration into EPS-rich matrices to engineer stimuli-responsive coatings and biomaterials. Overall, this study 
demonstrates that prolonged nutrient deprivation without medium renewal is an effective strategy to intensify S- 
EPS accumulation in C. rudolphia and that apparent viscosity provides a practical in-process parameter for 
monitoring production and supporting direct valorisation of spent culture medium in saline bioprocesses.

1. Introduction

Cyanobacteria are ancient oxygenic phototrophs that inhabit fresh
water, marine, soil, and lithic environments as unicells, colonies, or 
filaments, playing key roles in global carbon and nitrogen cycling [1,2]. 
As primary producers, they contribute substantially to ecosystem func
tioning and biogeochemical stability, while their physiological plasticity 

enables growth under a wide range of environmental conditions, 
including high salinity, nutrient limitation, and fluctuating light re
gimes. Beyond their ecological relevance, cyanobacterial biomass has 
emerged as a valuable resource for biotechnological applications due to 
its capacity to convert light, CO₂, and inorganic nutrients into biomass 
and extracellular products under comparatively low-input cultivation 
conditions [3,4].
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Over the last decade, cyanobacteria have attracted increasing in
terest for the production of a wide range of metabolites, including pig
ments (e.g. phycobiliproteins and carotenoids), proteins, bioactive 
compounds, and polymeric substances, with applications in food, 
health, cosmetics, energy, and environmental technologies [3,4]. Their 
metabolic versatility and robustness position cyanobacteria as prom
ising phototrophic cell factories within the emerging bioeconomy, 
particularly for processes that benefit from stress tolerance and minimal 
resource inputs.

Among cyanobacterial products, extracellular polymeric substances 
(EPS) constitute a particularly relevant class of biomolecules. EPS are 
heterogeneous macromolecules composed mainly of polysaccharides, 
often associated with proteins, lipids, and functional groups such as 
sulfate or carboxyl moieties, which collectively determine their rheo
logical, interfacial, and binding properties [5,6]. EPS fulfil essential 
ecological functions in cyanobacteria, including protection against 
desiccation, ultraviolet radiation, and oxidative stress, as well as medi
ation of cell aggregation, surface adhesion, and biofilm formation [5–7]. 
From an applied perspective, these physicochemical properties underpin 
growing interest in cyanobacterial EPS for applications in environ
mental remediation, saline formulations, and biomaterials [5,6,8].

For practical purposes, EPS are commonly divided into cell-bound 
EPS (B-EPS), which remain associated with the cell surface, and solu
ble or released EPS (S-EPS), which accumulate in the surrounding cul
ture medium [5,6]. While B-EPS have been extensively studied, S-EPS 
offer distinct bioprocess advantages, as they can be recovered directly 
from cell-free supernatants with potentially reduced downstream pro
cessing, lower solvent use and energy demand, and minimal cell 
disruption. Despite this potential, S-EPS remain comparatively under
explored, particularly in long-term cultivation systems.

Nutrient availability is a key factor governing cyanobacterial meta
bolism and carbon allocation. Under conditions of macro- or micro
nutrient limitation, cyanobacteria commonly undergo metabolic 
reprogramming in which growth and protein synthesis are constrained, 
while photosynthetically fixed carbon is redirected toward storage 
compounds and extracellular polysaccharides, a phenomenon often 
described as carbon overflow [5,7]. This stress-driven reallocation 
supports extracellular matrix development and may contribute to 
microenvironment stabilisation, including effects on pH and ionic con
ditions, as reported for EPS-rich matrices [5–7]. EPS production has 
been reported under nitrogen (N), phosphorus (P), or combined nutrient 
deprivation in several cyanobacterial genera, frequently accompanied 
by changes in pigment composition, extracellular architecture, and 
medium rheology [8–11]. However, most available studies focus on 
short-term batch cultures or abrupt nutrient shifts, providing limited 
insight into the long-term dynamics of S-EPS accumulation under sus
tained deprivation.

Beyond nutrient availability, cyanobacterial EPS quantity and 
composition are also modulated by operational factors such as salinity/ 
ionic strength, irradiance/photoperiod, temperature, CO₂ supply and 
gas exchange, and hydrodynamics (shear), with strain-specific responses 
reported across cultivation regimes. Accordingly, EPS intensification has 
commonly relied on one-factor-at-a-time screening or multivariate 
optimisation approaches to capture interacting nutritional and opera
tional drivers. Recent RSM/CCD optimisation using C. rudolphia (BEA 
0786B) confirmed that deliberate modulation of N and P availability in 
Spirulina medium significantly affects S-EPS titres over short production 
windows (1–7 days) [12].

Prolonged cultivation without medium renewal represents a relevant 
yet underexplored strategy to induce progressive nutrient depletion 
while maintaining low operational inputs. Under such conditions, cul
tures transition gradually from fresh working-medium conditions (day- 
0 baseline) to limitation and starvation, offering a unique framework to 
investigate the temporal coupling between physiological stress, extra
cellular matrix development, and S-EPS production. Identifying simple, 
non-destructive parameters capable of tracking these transitions 

remains a key challenge for process implementation and scale-up.
This study addresses these gaps using the marine cyanobacterium 

Cyanocohniella rudolphia P. Jung, V. Sommer, U. Karsten & Lakatos (BEA 
0786B). By monitoring growth, pH, photosynthetic pigments, extracel
lular proteins, apparent viscosity of the cell-free medium, and S-EPS 
accumulation over 180 days without medium renewal, the work aims to 
(i) characterise long-term S-EPS production dynamics under progressive 
macro- and micronutrient deprivation; (ii) link physiological stress re
sponses with extracellular matrix development; and (iii) evaluate 
apparent viscosity as a practical in-process proxy for S-EPS accumula
tion in saline cyanobacterial cultures. By adopting a long-term, process- 
oriented approach and focusing on the recovery of soluble EPS from 
spent medium, this study provides new insights into deprivation-driven 
extracellular biopolymer production and supports the positioning of 
C. rudolphia as an emerging candidate cyanobacterial platform for low- 
input bioprocess strategies.

2. Methods

2.1. Strain and culture conditions

The marine cyanobacterium Cyanocohniella rudolphia P. Jung, V. 
Sommer, U. Karsten & Lakatos (BEA 0786B) was isolated from the 
Añana Saltworks (Álava, Spain) by the Spanish Bank of Algae (BEA- 
Banco Español de Algas), where it was also identified and curated. Pre- 
cultures were grown in Spirulina medium at 10% (v/v) (i.e., a 1:10 
dilution of the Spirulina medium composition described in ES1) at 30 ±
2 ◦C under a 10:14 h light:dark photoperiod provided by cool-white 
fluorescent lamps (OSRAM L 18 W/840). Photosynthetically active ra
diation (PAR) was measured using a HOBO® Pendant® MX2202 
quantum sensor and maintained at 40 μmol photons m− 2 s− 1 at the level 
of the culture flasks inside an Aralab CP500 growth chamber, ensuring 
uniform illumination across replicates [12]. All solutions were prepared 
using ultrapure water.

2.2. Cultivation and sampling

Pre-cultures were grown in Spirulina medium diluted to 10% (v/v) to 
the stationary phase. Working cultures were then initiated by inocu
lating 25% (v/v) of a stationary-phase pre-culture into 75% (v/v) fresh 
Spirulina medium (10% (v/v)) (1:3, inoculum:fresh medium) to an 
initial OD₇₅₀ of 0.05. Aliquots (200 mL) were maintained in 250 mL 
Erlenmeyer flasks (flask photobioreactors) with aeration at 0.30 vvm 
(litres of air per minute per litre of liquid), cultivated for 180 days 
without medium renewal; manual swirling was performed once daily. 
Three independent flasks were prepared as biological replicates (n = 3) 
and each flask was sampled at all time points (repeated measures). At 
predefined time points (days 0, 15, 30, 45, 60, 75, and 180), cultures 
were sampled for growth, pH, and analytical assays. Biomass for dry 
weight was collected by centrifugation (20 min, 4,427 xg; HERMLE 
Z360), freeze-dried to constant mass, and stored at − 20 ◦C. Day 0 was 
used as the baseline reference for all subsequent comparisons within this 
long-term batch regime. This study was designed as a single-condition 
longitudinal time-course and was not intended to quantify indepen
dent effects of specific nutrient-factor levels (e.g., N/P).

2.3. Growth and pH measurements

Growth rates were calculated as ln-based interval estimates between 
consecutive predefined sampling points and are reported as descriptive 
interval metrics of culture dynamics. Two interval rates were deter
mined: μ₁ from optical density (OD₇₅₀) and μ₂ as a biomass production 
rate from dry biomass concentration (DW, g⋅L− 1). For each interval, μ₁ 
was calculated as: 
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μ1
(
day− 1)

=
ln(ODt2 ) − ln(ODt1 )

t2 − t1
(1) 

and μ₂ was calculated as: 

μ2
(
g L− 1 day− 1)

=
DW2 − DW1

t2 − t1
(2) 

where ODt1/ODt2 (or DW1/DW₂) are the values at times t₁ and t₂ (days). 
Sampling points used for these interval estimates were days 0, 15, 30, 
45, 60, 75, and 180. No mechanistic growth model was fitted. Optical 
density was measured at 750 nm (OD₇₅₀) using a UV-6300PC double- 
beam spectrophotometer, and dry biomass concentration was deter
mined gravimetrically. pH was recorded with a Consort C5020 multi- 
parameter analyser.

2.4. Sample preparation

For all supernatant-based assays, samples were centrifuged (12,100 
xg for 4 min at room temperature) to obtain the cell-free supernatant. 
The presence of residual cells in the supernatant was checked by mi
croscopy (Leica DM2700 microscope equipped with a Leica DFC450 C 
digital camera and CoolLED pE-300 lite illumination). When residual 
cells were observed (from day 45 onwards), the supernatant was addi
tionally filtered through a 0.22 μm membrane to ensure complete cell 
removal before extracellular assays. To verify that this filtration step did 
not affect S-EPS and protein quantification, a comparison was performed 
at day 30 using supernatants processed with and without 0.22 μm 
filtration; no statistically significant differences were observed (p >
0.05).

2.5. Apparent viscosity of cell-free supernatants

Bulk viscosity was measured at 25 ◦C on a Brookfield DV-III Ultra 
(spindle #2, 250 rpm). Each sample equilibrated for 5 min before 
reading; three consecutive readings were averaged. Because EPS solu
tions are non-Newtonian, apparent viscosity (ηapp) is reported under the 
specified instrument conditions (25 ◦C; DV-III Ultra; spindle #2; 250 
rpm).

2.6. Soluble extracellular carbohydrates quantification

A modification of the phenol‑sulfuric acid method [13] was used to 
quantify extracellular carbohydrates in cell-free supernatants. Briefly, 
1.0 mL sample was mixed with 0.5 mL 5% (w/v) phenol; 2.5 mL conc. 
H₂SO₄ was added rapidly, allowed to react for 10 min, vortexed, and 
developed for 20 min in a water bath maintained at 25 ◦C. Absorbance 
was measured at 490 nm (OD490) in a quartz cuvette (1 cm path length) 
using a UV-6300PC double-beam spectrophotometer. A calibration 
curve was prepared using D-glucose (500 mg L− 1 stock) diluted to 5–150 
mg L− 1 (linear fit, R2 = 0.9992; Fig. S1). Results were expressed as 
glucose equivalents (mg L− 1). Matrix blanks (fresh medium) and reagent 
blanks were also included. Measurements were carried out as technical 
triplicates.

2.7. Extracellular protein quantification

Proteins in cell-free supernatants were measured by the Lowry 
method [14] with minor modifications. Reagent A (2% Na₂CO₃ in 0.1 N 
NaOH) was mixed with reagent B (1% sodium citrate in 0.5% CuSO₄) at 
50:1 to give reagent C; reagent C was diluted 1:1 immediately before 
use. In glass tubes, 500 μL of the sample was mixed with 2.5 mL of re
agent C, incubated for 10 min, and then 250 μL of diluted Folin- 
Ciocalteu was added. The mixture was vortexed and incubated for 30 
min in a thermostated water bath at 25 ◦C, protected from light. The 
absorbance was measured at 750 nm. BSA 5 mg mL− 1 stock diluted to 

10–2000 μg mL− 1 (R2 = 0.9971) was used as standard (Fig. S2). Samples 
with absorbance values outside the linear calibration range were diluted 
and re-analysed. Results were expressed as BSA equivalents (mg L− 1 

BSA-eq). Reagent and matrix blanks were also included. Measurements 
were carried out as technical triplicates.

2.8. Photosynthetic pigments determination

The extraction of photosynthetic pigments was performed using the 
method described by Lichtenthaler [15]. Pellets from 5 mL culture 
(12,100 xg, 4 min) were resuspended in 5 mL 90% methanol, sonicated 
5 min, incubated 24 h at 4 ◦C (dark), and clarified (12,100 xg, 4 min). 
Absorbance was measured at 470, 652, and 665 nm (baseline-corrected 
at 750 nm). Concentrations (μg mL− 1) of chlorophyll a (Chl-a), chloro
phyll b (Chl-b), and total carotenoids (Car-t) were calculated by Eqs. (3)– 
(5) [15]: 

chl-a = 16.82 A665 − 9.28 A652 (3) 

chl − b = 36.92 A652 − 16.54 A665 (4) 

car − t =
1000 A470 − 1.91 chl − a − 95.15 chl − b

225
(5) 

The results are also presented as pigment content per dry biomass (% 
DW). The values are derived from the Lichtenthaler [15] equations, 
taking into account the extraction volume and the dry biomass weight of 
the pellet corresponding to the same time period.

2.9. Detection of S-EPS by Alcian Blue

S-EPS production during the experimental period was tracked, 
following the method described by Inoue-Sakamoto et al. [16], with 
minor modifications. Cell cultures were mixed in a 1:1 ratio with 1% (w/ 
v) Alcian Blue 8GX prepared in 3% (v/v) acetic acid (pH 2.5) and 
incubated for 30 min at room temperature. An aliquot of 100 μL of the 
stained suspension was then mounted on glass slides and examined 
under a Leica DM2700 microscope equipped with a Leica DFC450 C 
digital camera and CoolLED pE-300 lite illumination. Fresh medium and 
dye-only blanks were processed identically as negative controls. Imag
ing parameters (brightness, exposure, and magnification) were kept 
constant across samples, and scale bars were applied uniformly. This 
assay was used for qualitative analysis of acidic S-EPS and was not used 
for quantitative S-EPS determination. Alcian Blue staining was per
formed at pH 2.5, which promotes binding to sulfated and carboxylated 
polysaccharides.

2.10. S-EPS extraction and purification

Cell-free supernatants were concentrated and desalted by ultrafil
tration (Vivaflow 50R; 10 kDa MWCO; Sartorius) until the permeate 
conductivity reached a constant level [12]. The retentate (EPS solution) 
was freeze-dried, weighed to a constant mass, quantified by gravimetry, 
and stored at − 20 ◦C.

2.11. Structural characterisation

2.11.1. Attenuated total reflection-Fourier transform infrared spectroscopy 
(ATR-FTIR)

ATR-FTIR spectra of dried biomass and UF-purified S-EPS were 
recorded on a PerkinElmer Spectrum BX with a single-bounce Golden 
Gate diamond ATR cell (DurasamplIR II, Smiths Detection, UK). Samples 
were dried in an oven at 40 ◦C before analysis to remove residual 
moisture. Spectra were recorded from 4000 to 700 cm− 1, with a reso
lution of 1 cm− 1, and a total of 32 accumulation scans were performed to 
enhance the spectra quality. Spectral acquisition and processing fol
lowed standard approaches commonly used for microalgal/ 
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cyanobacterial biomass characterisation [17,18].

2.11.2. Scanning electron microscopy (SEM)
Surface micrographs were obtained by SEM using a Hitachi SU-70 

HR-FESEM operated at 4 kV (field-emission mode). Cells were fixed in 
2.5% (w/v) glutaraldehyde in 0.1 M sodium phosphate buffer (pH 7.2) 
overnight at 4 ◦C, washed twice with the same buffer, and dehydrated 
through a graded ethanol series (30, 50, 70, 90, 100% v/v). Samples 
were then freeze-dried, mounted on stainless-steel stubs, and carbon- 
coated using an Emitech K950X turbo evaporator before imaging [12].

2.11.3. Elemental analysis
The carbon, hydrogen, nitrogen, and sulfur (CHNS) contents were 

determined by elemental microanalysis using a LECO TruSpec CHNS 
analyser, with primary combustion at 1075 ◦C and an afterburner at 
850 ◦C. Detection was by infrared absorption and thermal conductivity, 
according to the instrument configuration. Calibration was performed 
using methionine as the standard due to its well-defined C, H, N, and S 
elemental composition, making it a suitable calibration reference for 
CHNS analysis. Ash content (% inorganic residue) was obtained by 
thermogravimetric analysis (TGA) as the residual mass at 550 ◦C (SET
SYS Setaram TGA analyser, platinum crucible), after heating freeze- 
dried samples from ambient temperature to 550 ◦C at 10 ◦C⋅min− 1 

under a 20 mL⋅min− 1 oxygen flow. Sulfur was below the limit of 
quantification in all samples; therefore, % S was set to 0 for the oxygen- 
by-difference calculation. Oxygen was calculated as % O = 100 − (% C 
+ % H + % N + % ash). The elemental and thermal analysis workflow 
followed standard approaches commonly applied to microalgal/cyano
bacterial biomass characterisation [18].

2.12. Plasmonic nanoparticles synthesis and environmental 
responsiveness

S-EPS-metal salt mixtures were exposed to UV light (λ = 365 nm; LED 
source; 5 cm sample-lamp distance; irradiance of 10 mW⋅cm− 2) in the 
presence of LAP photoinitiator for 10 min under gentle stirring at room 
temperature, enabling in situ photoreduction to plasmonic Au/Ag 
nanoparticles. To assess environmental responsiveness, S-EPS-NP sys
tems were challenged with varying pH levels. Acidification (pH ≤ 4) and 
alkalinisation (pH > 8) were performed using HCl (1.0 M) and NaOH 
(1.0 M), respectively. Changes in colloidal stability and optical proper
ties were monitored by UV–Vis spectroscopy (UV-6300PC spectropho
tometer) to confirm surface plasmon resonance (SPR) bands, and by 
transmission electron microscopy (TEM; Philips/FEI Tecnai-12 with 
TVIPS F224 CCD camera; 80–120 kV) to assess particle morphology, 
size, and structural features.

2.13. Statistical analysis

Statistical analysis was performed in GraphPad Prism 8.0.2. Data are 
reported as the mean ± SD of three independent biological replicates (n 
= 3; independent culture flasks sampled over time; repeated-measures 
design). Each assay was performed in technical triplicate. Normality 
was assessed with the D'Agostino-Pearson test (α = 0.05). Time-course 
comparisons were analysed using one-way repeated-measures ANOVA 
followed by Tukey's multiple-comparisons test; different letters in fig
ures indicate significant differences (p < 0.05). For two-group compar
isons, unpaired two-tailed t-tests were used.

3. Results and discussion

3.1. Culture dynamics under nutrient deprivation

Nutrient concentrations were not directly quantified during the 180- 
day cultivation period. Instead, nutrient stress developed progressively 
as a consequence of cellular uptake in the absence of medium renewal 

and was inferred from coordinated physiological, biochemical, and 
extracellular responses.

Under sustained nutrient deprivation, C. rudolphia exhibited clear 
changes in growth and physiology over 180 days. OD₇₅₀ and dry biomass 
(Fig. 1A), derived growth rates μ₁ and μ₂ (Fig. 1B), and pH (Fig. 1C) 
illustrate these dynamics. Growth followed a non-classical pattern: an 
initial phase of progressively increasing nutrient limitation, driven by 
nutrient uptake without medium renewal, persisted until approximately 
days 60–75. Thereafter, both OD₇₅₀ and dry biomass declined, consistent 
with a transition into starvation-like physiology inferred from the 
convergence of multiple indicators (μ₁/μ₂ trends, OD-DW divergence, pH 
maximum, and microcolony/matrix development), rather than from a 
predefined depletion time (Fig. 1A,B). Apparent growth rates (μ₁ and μ₂), 
calculated as described in Section 2.3, reflect the progressive loss of 
growth capacity during long-term cultivation under nutrient depletion. 
The divergence between rising OD₇₅₀ and falling dry biomass was 
quantitatively supported by a weak correlation between OD₇₅₀ and dry 
biomass (R2 = 0.39; Fig. S3), and likely reflects shifts in cellular 
composition and investment in the extracellular matrix (including S- 
EPS) under stress, rather than accurate biomass accrual [19,20]. Mi
croscopy indicated microcolony formation from day 45, aligning with 
the subsequent depression of μ₁/μ₂ and the S-EPS-centred analyses pre
sented below. Across time, OD₇₅₀, dry biomass, μ₁, μ₂ and pH differed 
significantly (Fig. 1).

These variables were not analysed as independent drivers but as 
integrative indicators of the culture's physiological state. Accordingly, 
all interpretations are made relative to the day-0 baseline (fresh working 
medium; Spirulina 10% v/v) within this long-term batch regime. Their 
coordinated temporal behaviour reflects a system-level transition from 
day-0 baseline conditions toward nutrient limitation and starvation, 
which provides the framework for interpreting the subsequent extra
cellular matrix development and S-EPS accumulation. Such non- 
classical batch behaviour under nutrient stress is widely documented 
in cyanobacteria, where limitation of N, P, or essential micronutrients 
constrains protein synthesis and cell division, leading to reduced 
biomass accumulation and altered carbon allocation [21,22]. Similar 
growth attenuation under nutrient deprivation has been reported for 
several cyanobacterial genera, including Synechocystis, Nostoc, and 
Anabaena, and is commonly associated with a metabolic shift from 
growth-oriented pathways toward stress acclimation and survival [6,8].

In this study, pH increased steadily to 10.3 by day 75 and then 
declined to 9.7 by day 180, coinciding with culture decline. This tra
jectory is consistent with an early phase dominated by photosynthetic 
alkalinisation under deprivation, followed by reduced photosynthetic 
activity and increased respiratory/mineralisation processes as depriva
tion progressed toward starvation. The timing aligns with microcolony 
formation (day 45) and the subsequent intensification of S-EPS release, 
as inferred from apparent viscosity and colorimetric read-outs. Because 
cyanobacterial polysaccharides behave as polyelectrolytes, pH modu
lates polymer charge density and hydrodynamic volume and, therefore, 
apparent viscosity; viscosity was measured at constant temperature and 
interpreted within the observed pH window (9.7–10.3), while S-EPS 
colorimetry was conducted at fixed assay pH (Alcian Blue at pH 2.5) to 
decouple analytical conditions from culture pH. The rise in pH to 10 by 
day 75 is also consistent with the literature, in which alkaline condi
tions, especially when combined with N deprivation, reallocate meta
bolism away from growth machinery (chlorophyll/protein) and toward 
storage/extracellular outputs [9,10].

Progressive nutrient depletion imposes a metabolic constraint on 
biomass synthesis, leading to declining growth rates and biomass loss. 
Under these conditions, photosynthetically fixed carbon cannot be 
efficiently channelled into growth-related pathways and is increasingly 
redirected toward extracellular polysaccharide production, consistent 
with a carbon overflow response. This metabolic reallocation explains 
the inverse relationship observed between declining μ values and 
increasing S-EPS accumulation, as well as the concomitant development 
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of a dense extracellular matrix during the nutrient-stress phase.
The experimental design was conceived to investigate long-term, 

deprivation-driven metabolic reprogramming under batch cultivation 
without medium renewal, rather than nutrient-specific uptake kinetics. 
Although direct measurements of individual nutrient concentrations 
were not included, future studies integrating nutrient profiling with 
these process-level markers will be valuable to quantitatively link 
nutrient depletion dynamics with extracellular polymer production.

3.2. S-EPS dynamics and apparent viscosity

Soluble extracellular carbohydrates in the cell-free supernatant, 
quantified by the phenol‑sulfuric acid assay (expressed as glucose 
equivalents), increased throughout the 180 days of nutrient deprivation 
(Fig. 2A). An early rise was evident by day 15, followed by continued 
accumulation across subsequent time points. A transient stabilisation 
between days 30 and 45 suggests a short-lived plateau before renewed 
accumulation. Overall, this trajectory supports sustained extracellular 
investment during prolonged deprivation, consistent with an adaptive 
strategy to long-term deprivation: accumulation of S-EPS supports (i) 
protection from oxidative/physical stress via a hydrated polyelectrolyte 
matrix, (ii) microenvironment control around microcolonies (buffering 

and ionic strength), and (iii) rheological modification of the medium 
captured by the concomitant rise in apparent viscosity [8]. The pattern 
aligns with metabolic reprogramming under deprivation, with prefer
ential channelling of fixed carbon to carbohydrate biosynthesis and 
extracellular matrix formation rather than biomass accrual.

To test whether apparent viscosity tracks S-EPS accumulation, 
apparent viscosity (ηapp) of the cell-free medium at 25 ◦C was monitored 
in parallel with downstream S-EPS yield (UF/lyo; g L− 1). ηapp increased 
stepwise from day 15 to day 75 and then remained at a high level at day 
180 (no additional increase relative to day 75; Fig. 2), whereas S-EPS 
yield continued to increase to day 180. Taken together, these data show 
a positive association between ηapp and S-EPS under nutrient depriva
tion: ηapp captures the onset and plateau of the rheological response, 
while S-EPS continues to accumulate. Mechanistically, the rise in vis
cosity is consistent with increasing concentrations of hydrated, high- 
molecular-weight polysaccharides in the medium, whose hydrody
namic volume and chain entanglement contribute to higher ηapp at the 
imposed shear [5,6]. The timing aligns with other markers, including 
microcolony formation (day 45) and an alkaline pH maximum (day 75). 
It coincides with the increase in extracellular carbohydrates (Fig. 2A), 
supporting a coordinated shift from growth to extracellular-matrix in
vestment as cultures transition from nutrient limitation to starvation 

Fig. 1. Growth and physiological parameters of C. rudolphia under nutrient deprivation over 180 days. (A) Optical density and dry biomass. (B) Average specific 
growth rate (μ₁) and biomass production rate (μ₂). (C) Culture pH. Data represent mean ± SD (n = 3). Different letters denote significant differences in means among 
time points (p < 0.05).
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[7,19,20]. The viscosity-S-EPS relationship was quantified by ordinary 
least-squares regression (based on the predefined sampling points), with 
ηapp correlating with UF/lyo S-EPS yield (R2 = 0.86; Fig. 2C) and with 
phenol‑sulfuric carbohydrates (R2 = 0.90; Fig. 2C). Operationally, these 
results support a practical harvest window spanning days 60–180, when 
ηapp is high and shows no significant change among late time points (p 
> 0.05; Fig. 2B), while S-EPS yield continues to rise.

Enhanced accumulation of soluble EPS under nutrient deprivation is 
consistent with a stress-driven metabolic reprogramming commonly 
reported for cyanobacteria. When growth-related sinks are constrained 
by nutrient limitation, photosynthetically fixed carbon is increasingly 
redirected toward extracellular polysaccharide synthesis, a response 
often described as carbon overflow [5–7]. This reallocation supports 
both metabolic balance and the development of a protective extracel
lular matrix.

Previous studies have shown that short-term N or P limitation can 
stimulate EPS production in cyanobacterial genera such as Nostoc, 
Phormidium, and Cyanothece; however, these studies typically rely on 
abrupt nutrient shifts or relatively short cultivation periods [6,8]. In 
contrast, the present work demonstrates that prolonged, progressive 
nutrient deprivation without medium renewal sustains S-EPS accumu
lation over extended time scales, defining a stable late-phase regime that 
is not captured in short-term experiments.

These long-term batch dynamics complement recent short-cycle 
RSM/CCD optimisation performed with the same strain, where 
controlled modulation of N and P availability in Spirulina medium 
significantly shifted S-EPS titres over 1–7 days. Taken together, the 
short-cycle optimisation results establish nutrient-responsiveness, while 
the present 180-day, no-renewal trajectory defines when apparent vis
cosity becomes a stable in-process signal, supporting trigger-based 
harvest under low-input operation. These approaches are complemen
tary: factor-driven optimisation vs. long-term trajectory definition under 
low-input operation.

3.3. Cellular and biochemical responses under nutrient deprivation

Cellular and extracellular read-outs were examined to contextualize 
the rheological shift observed under deprivation. Bright-field and Alcian 
Blue microscopy captured the transition from dispersed trichomes to 
microcolony formation and matrix densification, while pigments and 
extracellular proteins tracked metabolic reallocation consistent with S- 
EPS investment.

3.3.1. Microscopy
Bright-field microscopy at 0, 45, and 180 days showed typical 

C. rudolphia trichomes initially dispersed with minimal extracellular 

Fig. 2. (A) Extracellular total carbohydrates of C. rudolphia (mg L− 1; glucose equivalents) over 180 days under nutrient deprivation, mean ± SD (n = 3). (B) 
Apparent viscosity and S-EPS yield for C. rudolphia over 180 days. (C) Correlations of ηapp with extracellular carbohydrates and with S-EPS yield. (D) Correlation 
between extracellular carbohydrates and S-EPS yield. Distinct letters denote significantly different means among time points (p < 0.05).
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material (Fig. 3A1). By day 45, microcolonies were evident (Fig. 3A2), 
and by day 180, a mucilaginous cloak had surrounded the trichomes, 
accompanied by visible pigment loss (Fig. 3A3), consistent with the 
progression from nutrient limitation to starvation. Occasional enlarged 
cells within trichomes were visible under bright-field microscopy 
(Fig. 3A1). Alcian Blue staining (pH 2.5) confirmed that the halos 
correspond to acidic polysaccharides. At day 0, faint pericellular sheaths 
consistent with bound EPS (B-EPS) were visible, and released/soluble 
material was scarce (Fig. 3B1). By day 45, stained aggregates bridged 
neighboring filaments (Fig. 3B2). At day 180, staining was intense with 
three-dimensional networks apparent: pericellular B-EPS (yellow ar
rows) and cell-independent clumps consistent with S-EPS (red arrows) 
(Fig. 3B3).

Scanning electron microscopy corroborated these trends. At day 0, 
the surfaces appeared relatively clean, with only thin fibrillar residue 
visible (Fig. 4). By day 180, cells were embedded in a dense fibrillar- 
amorphous matrix with globular deposits and sheet-like bridges be
tween trichomes (Fig. 4). Such architecture plausibly buffers the 
microenvironment, retains water/ions, and mediates adhesion, sup
porting survival when nutrients are scarce. The morphological pro
gression is temporally concordant with bulk measurements: 
extracellular carbohydrates rise steadily (Fig. 2), extracellular proteins 
peak by day 75 and then decline (Fig. 6), pH reaches a maximum at day 
75 (Fig. 1C), and viscosity increases within the same window. Together, 
these observations support the progressive enrichment of the extracel
lular matrix and the accumulation of S-EPS from baseline through long- 
term deprivation.

3.3.2. Photosynthetic pigment dynamics
Cyanobacteria adjust their light-harvesting and photoprotective 

pools in response to nutrient deprivation. Chlorophylls support energy 
capture, whereas carotenoids dissipate excess excitation and mitigate 
oxidative stress [23]. Tracking pigments, therefore, provides a direct 
read-out of physiological adjustment. Pigment content per dry biomass 
(Fig. 5) showed the expected stress pattern: chlorophyll a (Chl-a) 
decreased toward day 60, consistent with reduced photosynthetic ca
pacity under sustained deprivation, while total carotenoids exhibited a 
relative increase during the mid-to-late ageing phase, supporting a 
protective/photoprotective role. These trends align with the observed 
transition from growth to extracellular-matrix investment [24]. In 

contrast, chlorophyll b (Chl-b) increased from day 60 onward, consistent 
with the reconfiguration of the antenna to optimise spectral capture 
under stress. Across time points, differences in Chl-a, Chl-b, and carot
enoids were significant (p < 0.05; Fig. 5). A positive correlation was 
observed between dry biomass and Chl-a (R2 = 0.74; Fig. S3), indicating 
that biomass accumulation remained linked to photosynthetic pigment 
content under nutrient deprivation. The early carotenoid peak at day 30 
coincided with the first significant rise in extracellular carbohydrates in 
the cell-free supernatant (Fig. 2A), and the subsequent increase in Chl-b 
from day 60 preceded the second escalation in extracellular carbohy
drates (days 60–180) and the viscosity maximum around day 75, sup
porting a coordinated shift from growth to protection with greater 
investment in S-EPS and extracellular matrix. Together with the pH 
maximum at day 75 (Fig. 1C), these turning points mark a transition 
from nutrient limitation to an emerging starvation phase.

3.3.3. Extracellular protein dynamics
Extracellular proteins in the cell-free supernatant (BSA equivalents) 

increased up to day 75 and declined thereafter (Fig. 6). Differences 
among time points were significant (p < 0.05). The early rise is consis
tent with stress-associated secretion (adhesins, binding proteins, and 
exo-enzymes) that supports microcolony formation and matrix remod
elling during nutrient limitation. The subsequent decline until day 180 
aligns with the transition into starvation, where N is recycled from 
accumulated proteins, including those involved in metabolic activity, 
and extracellular proteins are lost through proteolysis, denaturation at 
high pH, and/or adsorption into the carbohydrate-rich S-EPS matrix. 
Together with the sustained increase in extracellular carbohydrates 
(Fig. 2A), this pattern indicates a shift to a carbohydrate-dominated S- 
EPS in late phases, matching the viscosity behaviour reported below.

Intra- vs. extracellular partitioning of proteins, carbohydrates, and 
pigments was not quantified in this study; therefore, a direct discrimi
nation between active secretion and passive leakage cannot be made. 
However, SEM micrographs showed trichomes embedded in a struc
tured extracellular matrix without obvious cellular debris, and the 
extracellular protein profile was transient (a peak at day 75 followed by 
a decline), which is inconsistent with extensive cell lysis as the main 
driver of extracellular accumulation.

Overall, these observations support an EPS-enriched milieu and 
motivate the structural analysis (ATR-FTIR/CHNS) presented next.

Fig. 3. Optical microscopy of C. rudolphia under bright-field (A) and culture medium stained with Alcian Blue (×400) (B) throughout the 180-day experimental 
period. Red arrows indicate S-EPS and yellow arrows indicate B-EPS. (For interpretation of the references to colour in this figure legend, the reader is referred to the 
web version of this article.)
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3.4. Structural characterisation

ATR-FTIR spectroscopy was used to characterise the biomass at 
representative time points (0, 45, 180 days) and the UF-purified S-EPS 
(Fig. 7). The aim was to follow macromolecular shifts under nutrient 

deprivation and to fingerprint the soluble extracellular matrix. For 
biomass (cells) the spectra displayed bands characteristic of hydrated 
polysaccharides, proteins and lipids: a broad O–H stretching band at 
3200–3400 cm− 1, C–H stretching at 2920 and 2850 cm− 1, amide I and 
II near 1650 and 1540 cm− 1, respectively, and a polysaccharide 

Fig. 4. Scanning electron micrographs (×80 - left and ×500 - right) of C. rudolphia at day 0 and day 180.

Chl-b 
Chl-aCar-t

Chl-a
Chl-b 

Car-t

A B

Fig. 5. Photosynthetic pigment dynamics during nutrient deprivation in C. rudolphia. (A) Pigment concentrations (μg mL− 1). (B) Pigment content normalised to dry 
biomass (% DW); values are means ± SD (n = 3). Distinct letters (Greek letters for carotenoids, uppercase Latin letters for Chl-b, and lowercase Latin letters for Chl-a) 
denote significantly different means among time points (p < 0.05). *Letters refer to statistical comparisons performed on panel B (% DW) only.
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C–O–C/C–O stretching region at 1150–1000 cm− 1 with a strong 
1040 cm− 1 pyranose band [19–21]. By day 45, reduced intensity at 
3400 cm− 1 (O–H stretching) and 1400 cm− 1 (O–H deformation/ 
carboxylate symmetric stretch) suggested altered hydrogen bonding/ 
hydration of polysaccharides; in parallel, increased definition of bands 
around and below 900 cm− 1 indicated enhanced contributions from 
glycosidic linkages/monomeric motifs [25,26]. By day 180, attenuation 
of the lipid-associated C––O (1750 cm− 1) and C–O (1100 cm− 1) 
together with more defined amide I/II bands, was consistent with a 
relative lipid decrease and a higher protein/polysaccharide signature 
[17,18].

Purified S-EPS spectra were dominated by polysaccharide bands 
(broad O–H 3200–3400 cm− 1; C–H 2920/2850 cm− 1; multiple fea
tures at 1150–1000 cm− 1, strong 1040 cm− 1 pyranose), with amide I/II 
contributions (1650/1540 cm− 1) indicating proteinaceous components; 
note that 1640–1650 cm− 1 may include bound-water bending in hy
drated matrices [27–29]. The absence of a pronounced ester C––O in 
1700–1770 cm− 1 suggests low levels of esterified uronic acids/diacetyl 
esters [27]. Weak features near 1260 cm− 1 are compatible with sulfate 
substituents.

Elemental composition of UF-purified S-EPS shifted coherently with 
the FTIR trends (Table 1): carbon and hydrogen increased over time, N 
increased more markedly, and oxygen (by difference) decreased. On a 
mass-percentage basis, the C:N mass ratio decreased from 34:1 (day 15) 
to 15:1 (day 180), indicating greater N incorporation into the extracel
lular matrix; O/C declined from 2.137 to 1.450, while H/C increased 
from 0.135 to 0.143. The drop in O/C, together with the modest rise in 
H/C, indicates progressive de‑oxygenation (a lower average oxidation 
state), consistent with a higher contribution of neutral polysaccharides 
and/or protein relative to carboxylated/esterified moieties.

These inferences are concordant with ATR-FTIR: (i) intensification of 
the polysaccharide-associated C–O–C/C–O region (1150–1000 cm− 1) 
and a strong 1040 cm− 1 pyranose band [30,31]; (ii) clearer amide I/II 
(1650/1540 cm− 1) compatible with higher proteinaceous/nitrogenous 
content [27,28]; and (iii) attenuation of lipid-associated ester C––O 
(1730–1750 cm− 1) toward late time points [17,18,32]. Because oxygen 
is calculated by difference, its downward trend should be interpreted 
cautiously; nevertheless, the combined FTIR-CHNS evidence supports a 
carbohydrate-dominated S-EPS with an increasing protein contribution, 
consistent with a denser, hydrated, polyelectrolyte matrix that buffers 
microenvironments, mediates adhesion, and contributes to the observed 
rheology under long-term deprivation [5–7].

From a physiological standpoint, under progressive nutrient limita
tion, biomass formation becomes constrained while photosynthetic 
carbon fixation can persist, favouring carbon overflow and the redirec
tion of assimilated carbon into extracellular polysaccharides. This 
extracellular matrix investment (microcolony formation and matrix 
densification) is consistent with stress acclimation that enhances pro
tection and local resource retention. As starvation progresses, resource 
redistribution and recycling, particularly N scavenging, can contribute 
to the observed transient extracellular-protein peak followed by a 
carbohydrate-dominated extracellular pool, consistent with the sus
tained increase in S-EPS and the apparent viscosity trajectory. Similar 
compositional shifts have been reported for cyanobacterial EPS under 
stress conditions [6,8].

3.5. Exploratory proof-of-concept: plasmonic nanoparticles from spent- 
medium S-EPS

Concept. S-EPS present in the cell-free culture medium of C. rudolphia 
can act as a green reagent for plasmonic nanoparticle formation. Under 
LAP-initiated 365 nm photochemical irradiation, the S-EPS matrix pro
vides mild reducing capacity and capping/stabilising sites typical of 

Fig. 6. Extracellular protein concentration of C. rudolphia (mg L− 1; BSA 
equivalents) in cell-free supernatant over 180 days under nutrient deprivation, 
mean ± SD (n = 3). Distinct letters denote significantly different means among 
time points (p < 0.05).

Fig. 7. ATR-FTIR spectra of C. rudolphia: (A) biomass (cells) and (B) UF-purified S-EPS, each at 0 (orange line), 45 (blue line), 75 (black line), and 180 days (green 
line). (For interpretation of the references to colour in this figure legend, the reader is referred to the web version of this article.)
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polysaccharide polyelectrolytes; minor proteinaceous moieties (consis
tent with amide I/II bands in ATR-FTIR) may further contribute to 
colloidal stabilisation and redox behaviour [33,34].

Proof of concept. S-EPS from the spent, cell-free medium was used 
directly, via an environmentally benign, LAP-initiated 365 nm photo
chemical step, to nucleate Au and Ag nanoparticles in saline conditions. 
Mixing the medium with HAuCl₄ or AgNO₃ yielded Au and Ag colloids 
whose UV–Vis spectra showed broad localised surface-plasmon bands, 
indicative of polydisperse populations (Fig. 8A). For Au, the plasmon 
band appeared in the expected visible region and was broadened, 
consistent with size dispersion; for Ag, an analogue band was observed 
in the characteristic silver-colloid region, likewise broadened (Fig. 8A). 
TEM corroborated these readings, revealing irregular particle mor
phologies and aggregates for both metals (Fig. 8B). The suspensions 
were stimulus-responsive: S-EPS-AuNPs exhibited colour shifts upon 
acidification and alkalinisation (Fig. 8A), consistent with plasmonic- 
coupling changes mediated by polyelectrolyte interactions at the 
particle-matrix interface.

These results demonstrate the feasibility of generating optically 
responsive Au/Ag nanoparticles under marine-compatible conditions, 
illustrating a practical valorisation pathway.

3.6. Future directions

This study was designed with an applied goal: to enable the use of 
spent cultivation medium, typically discarded, by recovering S-EPS 
directly from the cell-free supernatant with low chemical input. 
Accordingly, biomass and its constituents were not the primary focus; 
biomass was monitored for productivity and pigments to relate growth 
cessation to the increase in S-EPS production. Demonstrating process 
feasibility provides an operational basis and points to three immediate 
avenues: (i) time-resolved monitoring of key nutrients (N, P) to mech
anistically link medium composition, S-EPS kinetics, and process sig
nals; (ii) compositional mapping of the ageing biomass to evaluate 
cascade co-valorisation scenarios; and (iii) assessment of medium 
adjustment/recycling and the use of alternative or surplus streams, 
aiming at full-cultivation utilisation within an algal biorefinery 
framework.

In parallel, a LAP-initiated 365-nm photochemical proof-of-concept 
showed that unprocessed S-EPS can yield pH-responsive Au/Ag nano
particles (S-EPS acting as stabiliser/co-reductant), pointing to integra
tion into EPS-rich matrices to engineer stimuli-responsive coatings and 
biomaterials; targeted optimisation (size distribution, colloidal stability) 
will support application readiness.

Table 1 
Elemental composition (wt%) and mass-based ratios of UF-purified S-EPS from C. rudolphia over 180 days.

Day % C % H % N % O* H/C O/C C/N

15 29.329 ± 2.499a 3.958 ± 0.490a 0.855 ± 0.048a 62.647 ± 0.445a 0.135 ± 0.014a 2.136 ± 0.015a 34.303 ± 1.931a

30 33.211 ± 1.196b 4.891 ± 0.212b 0.637 ± 0.012b 58.077 ± 0.037b 0.147 ± 0.001a 1.749 ± 0.000b 52.137 ± 1.004b

45 35.631 ± 0.738c 4.975 ± 0.213b 0.818 ± 0.001c 55.398 ± 0.040c 0.140 ± 0.000a 1.555 ± 0.002c 43.559 ± 0.340c

60 35.548 ± 0.873c 4.918 ± 0.230b 1.019 ± 0.034d 55.330 ± 0.242c 0.138 ± 0.004a 1.545 ± 0.010c 34.885 ± 1.099d

75 34.763 ± 1.126c 5.374 ± 0.135b 1.741 ± 0.042e 54.938 ± 1.216c 0.155 ± 0.000a 1.580 ± 0.081c 19.967 ± 0.102e

180 36.422 ± 0.165c 5.213 ± 0.042b 2.354 ± 0.024f 52.826 ± 0.232c 0.143 ± 0.000a 1.450 ± 0.013c 15.472 ± 0.088f

* Calculated value: % O = 100 − (% C + % H + % N + % Ash (3.185%)).

Fig. 8. LAP-initiated photochemical formation of plasmonic nanoparticles using spent-medium S-EPS from C. rudolphia. (A) UV–Vis spectra of gold (AuNPs) and 
silver (AgNPs) colloids. Insets: visible colour response of S-EPS-AuNPs to pH (left to right: acidified, native suspension, basified). (B) Transmission electron mi
crographs of AuNPs (left) and AgNPs (right) formed in the S-EPS matrix. (For interpretation of the references to colour in this figure legend, the reader is referred to 
the web version of this article.)
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4. Conclusions

Prolonged nutrient deprivation shifted C. rudolphia (BEA 0786B) 
from growth to extracellular-matrix investment, enriching the culture 
medium in soluble EPS (S-EPS). At the physiological level, this transition 
is consistent with stress-driven metabolic reprogramming, whereby 
growth-limiting nutrient availability constrains biomass synthesis and 
photosynthetically fixed carbon is redirected toward extracellular 
polysaccharide production (carbon overflow). This reallocation pro
vides both a metabolic sink for excess carbon and a protective extra
cellular matrix that supports stress acclimation, potentially contributing 
to pH microenvironment modulation and supporting the extracellular 
microenvironment. The apparent viscosity of cell-free culture medium 
provided a simple, non-destructive in-process proxy for S-EPS, enabling 
trigger-based harvest during a mid-to-late ageing phase (days 60–180) 
when the viscosity signal is high and stable. These findings align with 
stress-driven metabolic reallocation reported for microalgae/cyano
bacteria and position pH-aware, low-input deprivation as a practical 
intensification route in which S-EPS can be monitored by apparent vis
cosity and recovered from spent medium with reduced chemical inputs. 
Direct spent-medium valorisation via ultrafiltration and drying deliv
ered S-EPS without solvent precipitation, aligning with resource- 
efficient process design principles. The resulting marine biopolymer 
shows rheology and film-forming capacity compatible with saline 
environmental separations and other biomaterial uses where bio-based 
origin and salt tolerance are valued. As an exploratory adjunct, unpro
cessed S-EPS also enabled LAP-initiated photochemical formation of Au/ 
Ag nanoparticles with S-EPS as a stabiliser/co-reductant, exhibiting pH- 
responsive optical behaviour, indicating an additional valorisation 
vector toward smart, biodegradable materials. Within this context, 
apparent viscosity offers a practical Process Analytical Technology 
(PAT) handle to trigger S-EPS harvest and standardise processing from 
spent medium. The cultivation and recovery strategy explored in this 
study follows low-input and solvent-minimising design principles 
commonly associated with resource-efficient bioprocesses. Taken 
together, these outcomes establish an operational basis; next steps will 
focus on time-resolved nutrient monitoring, compositional mapping of 
ageing biomass for cascade co-valorisation, and assessment of medium 
recycling/adjustment and alternative or surplus streams within an algal 
biorefinery framework.
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